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Detection of West
Nile Virus in Oral
and Cloacal Swabs
Collected from Bird
Carcasses
Nicholas Komar,* Robert Lanciotti,* Richard 
Bowen,† Stanley Langevin,* and Michel Bunning*‡ 
We evaluated if postmortem cloacal and oral swabs could
replace brain tissue as a specimen for West Nile virus (WNV)
detection. WNV was detected in all three specimen types from
20 dead crows and jays with an average of  >105 WNV PFU in
each. These findings suggest that testing cloacal or oral swabs
might be a low-resource approach to detect WNV in dead birds.
ince 1999, surveillance of bird deaths has become a stan-
dard epidemiologic method for detecting the spread and
continued presence of West Nile virus (formal name: West Nile
virus  [WNV]) transmission throughout the eastern United
States (1). In 2000 alone, approximately 13,000 bird carcasses
were tested for WNV (2). Substantial resources are required to
accomplish the tasks associated with this novel type of arbovi-
rus surveillance: transport of the avian carcasses to a labora-
tory (often distinct from the microbiology laboratory where
diagnostic testing will be performed), organ removal, tissue
maceration and clarification, and testing of tissue homoge-
nates. We considered ways to simplify these tasks. 
Given that birds with acute WNV infection frequently shed
the virus in cloacal or oral cavities (3–6) and that we have
detected very high WNV titers (e.g. 106 PFU) on cloacal and
oral (nasopharyngeal) swabs of corvid1 and other passerine
birds with experimentally induced, acute WNV infections (N.
Komar, unpub. data), we hypothesized that cloacal swabs or
oral swabs from carcasses could replace brain samples, the
preferred tissues to test for WNV infection in corvid carcasses
(7). 
The Study
We collected postmortem specimens from 20 corvids,
including 12 American Crows (Corvus brachyrhynchos), 4
Fish Crows (Corvus ossifragus), and 4 Blue Jays (Cyanocitta
cristata), that had died (or in one case had been euthanized
after becoming moribund) after experimental infection with
the New York 1999 strain of WNV. (The modes of infection,2
sampling protocol, and resulting pathogenesis will be
described separately.) Brain and other organs were harvested,
and postmortem cloacal and oral swabs were collected (using
standard cotton- or Dacron-tipped applicators) in 0.5-mL
physiological buffer containing antibiotics, within 24 hours of
death. All specimens were frozen at -70°C until assayed for
virus content by Vero plaque assay and for WNV-specific
RNA by TaqMan reverse transcriptase–polymerase chain reac-
tion (RT-PCR), as previously described (8).
We detected WNV RNA in all postmortem brain tissue
samples as well as cloacal and oral swabs. Infectious WNV
particles were detected in all but one specimen, a cloacal swab
taken from a Fish Crow. Viral titrations and quantitative Taq-
Man RT-PCR indicated that the concentrations of WNV aver-
aged >105 in all three specimen types (Table). 
Conclusions
Avian mortality surveillance for WNV targets fresh car-
casses (generally dead <24 h), especially corvids, for detection
of infectious virus particles or RNA in brain or other viscera.
We have shown that postmortem oral and cloacal swabs, in
addition to brain, are effective samples to collect for WNV
detection in experimentally infected corvids. A potential
implication of these findings, pending field trials using corvids
and other species routinely collected as part of avian mortality
surveillance, is that WNV may be detected by simply collect-
ing swabs from carcasses and forwarding the swabs (frozen) to
a virology laboratory for testing. Eliminating multiple steps
currently necessary for WNV testing of bird carcasses may
conserve valuable public health resources and reduce the risk
of exposure for laboratory personnel. 
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Table. Mean logarithmic titers of West Nile virus (WNV) infectious par-
ticles, determined by Vero plaque assay and TaqMan reverse tran-
scriptase–polymerase chain reactiona
Specimen type
(Mean Vero log PFU [range]/Mean 
TaqMan log PFU equivalents [range])
Species Brain Oral swab Cloacal swab
American Crow 8.2 [5.9–8.8]/
7.1 [5.3–7.7]
7.3 [4.1–7.7]/
6.6 [4.6–7.1]
6.4 [3.8–7.4]/
6.9 [6.1–7.3]
Fish Crow 6.6 [4.1–6.9]/
5.8 [4.8–6.2]
7.0 [1.4–7.6]/
6.1 [3.2–6.7]
6.8 [<0.4–7.4]/
6.0 [2.3–6.6]
Blue Jay 8.0 [7.3–8.2]/
6.3b [6.2–6.3]
7.1b [5.3–7.4]/
5.7b [4.4–6.0]
5.8 [3.0–6.3]/
6.7b [5.6–7.0]
aIn postmortem samples of brain tissue (1 cm3), and oral and cloacal swabs for 12 
American Crows, 4 Fish Crows, and 4 Blue Jays experimentally infected with the New 
York 1999 strain of WNV.
bThis value determined from only two birds.DISPATCHES
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